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MassachusettsABSTRACT Decomposition of the intrinsic dynamics of proteins into collective motions among distant regions of the protein
structure provides a physically appealing approach that couples the dynamics of the system with its functional role. The cellular
functions of microtubules (an essential component of the cytoskeleton in all eukaryotic cells) depend on their dynamic instability,
which is altered by various factors among which applied forces are central. To shed light on the coupling between forces and the
dynamic instability of microtubules, we focus on the investigation of the response of the microtubule subunits (tubulin) to applied
forces. We address this point by adapting an approach designed to survey correlations for the equilibrium dynamics of proteins to
the case of correlations for proteins forced-dynamics. The resulting collective motions in tubulin have a number of functional
implications, such as the identiﬁcation of long-range couplings with a role in blocking the dynamic instability of microtubules.
A fundamental implication of our study for the life of a cell is that, to increase the likelihood of unraveling of large cytoskeletal
ﬁlaments under physiological forces, molecular motors must use a combination of pulling and torsion rather than just pulling.INTRODUCTIONCorrelations between motions of positions that are far away
in the sequence and/or in the three-dimensional structural
fold of a protein are increasingly recognized as crucial func-
tional elements of proteins. This is especially true for posi-
tions involved in allosteric communications (1–3) and, as
recently highlighted, in enzymatic activity (4–6). The details
of allosteric transitions can be gleaned from the analysis of
the equilibrium collective motions in the protein. Thus, the
highly dynamic changes driven by the force-induced unfold-
ing or indentation of large polymeric structures such as cyto-
skeletal filaments (7–9) and viral capsids (10) are perfect
candidates for a description based on the division of a protein
fold into dynamical domains (6,11). The nonequilibrium
character of these large-scale transformations makes the
identification of dynamical domains particularly challenging
because they are likely to evolve with time as the fold of the
protein is altered by unfolding/indentation. For example, un-
folding of one region of the protein can induce the formation
of new dynamical domains in different, still folded, regions
of the protein depending on their ability to align on the direc-
tion of pulling.
MTs are composed of protofilaments aligned in parallel
and joined laterally (12) consisting of a- and b-tubulin
dimers (8 nm in length) connected noncovalently along the
longitudinal axis of the filament. During interphase, the (–)
end (a-tub) is attached to the centrosome, whereas the (þ)
end (b-tub) has a GTP cap containing at least one layer of
GTP b-tub (13,14). Conversely, during mitosis, the (–) end
breaks from the centrosome and MTs depolymerize and
polymerize fast, i.e., undergo dynamic instability—Submitted July 15, 2009, and accepted for publication October 27, 2009.
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phases between MTs and soluble tubulin subunits (7). The
monomers, a-tub (440 residues) and b-tub (427 residues),
have very similar structures consisting of a N-terminal
nucleotide (GTP or GDP) binding domain, an intermediate
taxol binding domain (in b-tub), and a C-terminal microtu-
bule-associated protein binding domain comprising residues
1–205, 206–381, and 382–440, respectively (15). The
mechanical properties of MTs play a crucial role in cell divi-
sion and matrix remodeling induced by mechanical loading
(16–19). Understanding the microscopic principles govern-
ing MT instability (7,13) and breaking of the (–) end from
the centrosome, which are relevant also for axonal guidance
in new directions (20), is therefore vital for understanding
basic cellular processes. In cells, protein factors such as
katanin and spastin induce severing of MTs by force (21).
To shed light on these processes:
1. One needs to capture the range of forces that induce their
breaking.
2. One needs to uncover the submolecular details of the
associated structural changes.
The first issue was addressed in our previous studies of
force-induced unfolding of the tubulin heterodimer and its
monomers under force-ramp conditions that are experimen-
tally relevant (22). By employing molecular simulations
of a self-organized polymer (SOP) model of the tubulin units
(23), our extensive simulations revealed that, in isolation,
each monomer unfolds according to two pathways leading
to different force-extension curves (FECs). However, the
tubulin dimer unfolds according to a unique pathway irre-
spective of the scenario of application of force (22). In this
study, we address the second issue through the analysis of
the collective motions that induce each breaking event indoi: 10.1016/j.bpj.2009.10.043
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alent to the identification of dynamical domains during the
nonequilibrium unfolding of large proteins.
A variety of methods have been developed to identify
dynamical domains in a protein at equilibrium or to generate
pathways between two distinct equilibrium states of a protein
(6,11,24–26). Most of these methods rely on a single confor-
mation of the protein by starting from the information
provided by normal mode analysis or by essential dynamics
such as on cross correlations between positions. These
approaches have been tested with very good success, so the
development of yet another such method is not our goal.
Instead, in light of the nonequilibrium character of the
forced-unfolding process in proteins, the focus of our investi-
gation is to determine, from the forced-unfolding data, phys-
ically relevant covariations that can be subsequently used as
a starting point in methods such as the ones above. Conse-
quently, after calculating the input data, we employ a method-
ology reminiscent of Yesylevskyy et al. (26) and Keskin et al.
(27) to extract the dynamical domains.
Although the interpretation of averages for systems in
nonequilibrium is challenging, for a system starting far-
from equilibrium in a concave potential that will eventually
reach equilibrium, time-averaged correlations do not depend
on the starting state. Therefore, nonequilibrium and equilib-
rium correlations coincide (28–30). In dynamic force spec-
troscopy, unbinding experiments systems start in far-from
equilibrium states and the rate of rupture of bonds under force
is determined based on Kramer’s theory (31–34). The theoret-
ical treatment of the forced-unfolding of proteins must
account for their intrinsic rugged energy landscape (31,35).
As a result, the mechanical unfolding of a protein can be
modeled as an escape over a cascade of many sharp barriers.
Determination of the unfolding rate under these conditions
employs Kramer’s’ stationary flux method (31) that assumes
near-equilibration of states over regions of the energy land-
scape below the principal barriers. In other words, upon
completion of an unfolding event as signaled by a sudden
increase (decrease) in the extension (force), the protein rea-
ches quasiequilibrium in the new basin of attraction (local
potential energy minimum) and retains this state until the
escape over the next tall barrier. In summary, the unfolding
process is quasiadiabatic, which holds well when the applied
force does not increase fast (i.e., increases at rates used in
experiments) (34). A consequence of quasiadiabaticity is
that the bound system is in near-equilibrium even in the pres-
ence of force, i.e., the timescale for equilibration is much
shorter than the time for the calculation of correlations.
We extract the matrix of interresidue three-dimensional
orientational correlations obtained before each of the main
transition points during the unfolding, i.e., before each peak
in the FEC. This takes advantage of the near-equilibrium
state of the system in each individual basin of attraction.
Because ergodicity is also important, we build the correlations
as a double average: over the conformations from a basin andBiophysical Journal 98(4) 657–666over the trajectories presenting this basin. Analysis of patterns
of similarity in these matrices, either directly or by employing
a clustering method (36), yields the main dynamic clusters of
positions similar to approaches used for equilibrium correla-
tions (26,27). Because of the highly constrained dynamics
of a protein during forced-unfolding, we next decomposed
the motion of the chain into its components on the direction
of pulling and in the plane perpendicular to this direction,
and we extracted the corresponding correlations. This enables
us to dissect the contribution of rotational versus translational
motion to the unfolding pathway. The final part of our analysis
pertains to directly following the propagation of tension in the
chain, while accounting for any possible refolding of the
previously unraveled chain segments. This allows us, for
example, to determine whether the force-regime employed
in our simulations biases the unfolding pathway(s) (23).
The information yielded by our three-layered approach
provides a detailed picture of the contribution of dynamical
domains to the unfolding process, and this correlates with
functional aspects of tubulin and MTs as noted below.METHODS
SOP-model simulations
To conduct mechanical unfolding studies of tubulin and its subunits, we
used a model based on the topology of the chain in which each amino
acid in the Protein Data Bank (PDB) (36) entry 1tub is represented by its
Ca atom (23). The total energy function for a conformation, specified in
terms of the coordinates {ri} (i ¼ 1, 2, $$$N), where N is the number of
residues is
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The distance between two neighboring interaction sites i and i þ 1 is ri, iþ1,
whereas roi;iþ1 is its value in the native structure. The first term in Eq. 1
describes the backbone chain connectivity. The second term accounts for
the interactions that stabilize the native state. If the noncovalently linked
beads i and j for ji  jj > 2 are within a cutoff distance RC (i.e., rij < RC)
thenDij ¼ 1. If rij > RC, then Dij ¼ 0. A uniform value for 3h, which specifies
the strength of the nonbonded interactions, is assumed. All nonnative inter-
actions (third and fourth terms in Eq. 1) are repulsive.
The unfolding of the molecule was followed by performing Brownian
dynamics simulations at T ¼ 300 K. Following the typical AFM experi-
mental setup (38), the C-terminal end of each monomer was stretched
at two constant pulling speeds typically employed for such experiments
(v ¼ 1.9 mm/s and v ¼ 19 mm/s) while keeping the N-terminal end fixed.
For the dimer simulations, we used three different pulling setups as
described in Dima and Joshi (22). (Values of the parameters used in the
simulations are given in (22).) In all cases, the force was applied along
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exact value of the speed, here we analyzed only the trajectories obtained at
the higher value of v.
Correlation analysis
The pairwise correlations, measuring the standard interresidue three-
dimensional orientational coupling, are computed, following Chen et al.
(4), using the time-averaged covariance matrix as
Cij
	 ¼ XM
n¼ 1
1
Tobs
Z Tobs
0
D
d
r
ðnÞ
i ðtÞ ,D drðnÞj ðtÞdt; (2)
whereD
d
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i is the unit vector of the displacement of the ith Ca atom at time t,with respect to its initial value along trajectory n, and M is the total number
of trajectories that unfold according to a given pathway. Tobs is the length of
time over which we calculate the covariations which must obey the condi-
tion of quasiadiabaticity discussed above. If hCiji is positive, then the
motions of the two residues i and j are correlated, whereas negative values
correspond to anticorrelation.
Two issues must be addressed before the calculation of D
d
r
ðnÞ
i in Eq. 2:
1. The identification of the appropriate reference structure.
2. The alignment of the current and the reference structures.
For the equilibration phase of the trajectory, the correlations were
computed by taking, as reference structure, the native structure of the mono-
mer from the PDB. In addition, we eliminated the contribution of the six
degrees of freedom of the molecule, by aligning each structure with the
reference structure using the Kabsch algorithm (39).
For the force-induced unfolding phase of the trajectory, the choice for the
reference structure is inspired by the setup of the AFM experiments that we
model in our simulations:
1. The starting state is selected from the native basin of attraction of the
protein.
2. One end of the chain (usually the N-terminus) is kept immobilized on
a plate while the other end is being pulled using force-ramp conditions.
3. The stretching of the chain continues until the final rodlike conformation
(the minimum free-energy in the presence of force) is reached.
Experimentally, the dynamics of unfolding of the chain is followed with
respect to the initial state (highly populated in the absence of force): an
unfolding event is signaled by a sudden increase in the chain extension,
i.e., the difference between the end-to-end distance of the chain in the current
state and the corresponding value in the starting conformation. To enable the
comparison with the experiments, we used as reference for the calculation of
the spatial correlations the starting (in experiments), at the end of equilibration
(in simulations), conformation. This approach is also similar in spirit with the
one employed, for example, in Noolandi and Hong (29) to determine the
nonequilibrium time-correlations between parts of a highly entangled poly-
mer chain to model real-time, small-angle neutron scattering experiments.
Upon the application of force on the x axis at one end of the chain (the
C-ter end) and by fixing the other end (the N-ter end), the energy of the
molecule remains invariant with respect to only one degree of freedom:
the rotation around the x axis. Thus, before extracting the hCiji values, we
aligned each conformation of the chain with the reference structure to
eliminate the contribution of this degree of freedom. The alignment was per-
formed by adapting Kabsch’s algorithm to the case of axial symmetry and no
translation. Operationally, for each conformation during pulling, we applied
on all the positions a matrix of rotation, U, given by0@ 1 0 00 cos a sin a
0 sin a cos a
1A;
where a is the azimuthal angle of rotation from the reference structure.
Because, to mimic the experiments, the N-ter end of the chain is kept fixed,any unfolding events at the other end of the chain leads to strong spatial
correlations of the corresponding amino acids. Thus, this is not an artifact
of our alignment, but an important checkpoint (see Results).
Because the unfolding of each protein is driven by force, we expect to find
considerable collective motions on the direction of pulling. The full three-
dimensional correlations from Eq. 2 are unlikely to provide a conclusive
picture of such large collective motions before the unfolding of the corre-
sponding region(s) in the protein structure. Therefore, to capture this
behavior, we also determined the correlations between all the positions in
a chain along each of the Cartesian coordinates by specializing Eq. 2 sepa-
rately for the contributions of the x-, y-, and, respectively, z-direction
displacements of the pairs of amino acids. Because a- and b-tub unfold
according to two distinct pathways, to highlight the sets of collective
motions that drive them to follow one or the other pathway, we calculated,
for each peak in the FEC, the differences between the hCiji values for the
major and the minor pathways.Tension propagation
To monitor the progress of tension propagation from the point of application
of force, we calculated the force on each covalent bond i, i þ 1 and we
assigned it to bead i. The force is obtained from the covalent part of the
potential energy function of the SOP model (Eq. 1) according to
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Similar to the approach used to determine the correlations, we computed, for
each peak in the FEC, the tension on each bond as hfii by averaging over the
same states used in the averaging of the correlations. We also monitored the
degree of alignment of each covalent bond on the direction of pulling by
extracting the hcos(q)i, where q is the angle between the bond vector and
the x axis and the average is taken as for hfii (23).
Evolutionary clusters determination
and the clustering approach
Because the clustering approach has been detailed in previous studies (3),
a qualitative discussion of the principles behind the clustering analysis,
based on a variant of the statistical coupling analysis method (3) and of
the clustering method (36), is given in the Supporting Material.RESULTS
To estimate the quasiadiabaticity in our simulations, we rely
on the time evolution of the native set of contacts which
determine the stability of the protein conformations in our
SOP model. We found a clear separation between the transi-
tions timescales (ttrans) and the basin (tbasin) lifetimes (for
example, for b-tub htbasini ~0.22 ms and httransi ~0.03 ms)
which is indicative of quasiadiabaticity.
Equilibrium pair correlations and domain motions
We calibrated the usefulness of the interresidue orientational
correlations from our dynamic trajectories in revealing
connections between the dynamics and the biological func-
tion of the protein, by comparing our equilibrium results
with those of a previous study (37). The correlations,Biophysical Journal 98(4) 657–666
660 Joshi et al.calculated according to Eq. 2, and shown in Fig. S1 reveal, as
detailed in the Supporting Material, the similarity between
our results and this study. This ensures that our simulations
reproduce the low-energy motions of the dimer.
Formation of dynamical domains during
the forced-unfolding of tubulin monomers
The time evolution of the three-dimensional covariations
(Eq. 2) is illustrated in Figs. 1 and 2 for a-tub and b-tub,
respectively. The covariations are calculated for each near-
equilibrium basin from the corresponding FEC (Fig. S2
and Fig. S3). At step 1, only the behavior of the N-ter domain
distinguishes between monomers and pathways. In the major
pathway for a-tub the N-ter domain is split into two subdo-
mains, 1–65 and 66–200, which are moving anticorrelated
with each other. In the minor pathway, the N-ter domain is
intact. In addition, along the major pathway the 66–200
and the C-ter domains show the largest degree of internal
correlations, whereas the 1–65 domain shows the least. In
contrast, in the minor pathway the C-ter domain presents
internal correlations that just follow the contact map. The
delineation between the dynamical domains is made clearFIGURE 1 Time evolution (according to the main steps in the FEC from Fig. S
In each panel, the axes denote the residue number. Color ranges are shown on t
Biophysical Journal 98(4) 657–666by the presence of anticorrelations between them. For
example, in the major pathway, the intermediate domain is
strongly anticorrelated with the C-ter domain and with the
66–200 domain. On the other hand, the C-ter domain and
the 66-200 domain are strongly correlated. The C-ter domain
is also moderately correlated with the 1–65 domain. In the
minor pathway, due to the reduced internal correlations of
the C-ter domain, this domain has fewer anticorrelations
with the middle domain and with the 66–200 fragment. In
b-tub, for both pathways, only the 100–200 fragment from
the N-ter domain presents large internal correlations. The
changes occurring at steps 2–3 (see the Supporting Material)
illustrate an important difference between the monomers:
only in a-tub does the integrity of the 66–200 fragment
from the N-ter domain depend on the presence of an intact
(folded) H12 and of the loop connecting it to H11. The un-
raveling of H11 at step 5, which completes the unfolding
of the C-ter domain and results in perfect correlations
between all its positions, induces, in the minor pathways
from both monomers, the formation of positive correlations
between the N-ter domain and the 216–271 (H7,H8,S7) frag-
ment from the middle domain. Because the 216–271 region2) of the pairwise correlation matrices for both unfolding pathways in a-tub.
he scale bar.
FIGURE 2 Time evolution (according to the main steps in the FEC from Fig. S3) of the correlation matrices for both unfolding pathways in b-tub.
Collective Motions in Tubulin Dynamics 661is involved in the binding of taxol, this finding has functional
implications for the dynamical instability of MTs as ex-
plained in Discussion. Details of the additional changes at
step 5 and of the changes at step 7 are presented in the
Supporting Material.
The major unfolding event in a-tub, occurring at step 9, is
the same in both pathways: the unwinding of the N-ter
domain from its 1–100 region. Thus, all positions in a-tub
appear perfectly correlated in Fig. 1 (step 9). An explanation
of this expected effect is provided in the Supporting Mate-
rial. In contrast, for b-tub, steps 8 and 9 are intermediates
of the highest peak in the FEC (Fig. S3). During these steps,
in both pathways in b-tub, the folded middle domain and the
unfolded C-ter domain merge to form one large domain
which, in the minor pathway, is clearly anticorrelated withthe almost intact N-ter domain. In the major pathway, the
1–100 region of the N-ter domain is still fragmented and it
is anticorrelated with the union of the other two domains.
The next unwinding event in the b-tub pathways occurs at
step 11: in the major pathway, the chain unfolds from its
N-term end. As expected, the correlations behave the same
as during the corresponding process at step 9 in a-tub: all
positions move correlated. Along the minor pathway, only
the 266–427 positions move together, reflecting the
unwinding of the chain from the middle domain.
Mapping the correlations on the direction
of pulling
Although we determined the correlations along each of the
three Cartesian directions, here we are focusing on theBiophysical Journal 98(4) 657–666
662 Joshi et al.covariations along the force direction. The x axis correlations
for the major pathway in a-tub and for the major and minor
pathways in b-tub are illustrated in Fig. S5 and, respectively,
in Fig. S7 (the y- and the z-axis covariations for the two
monomers are in Fig. S8, Fig. S9, Fig. S10, and Fig. S11).
In a-tub these correlations indicate that, at the beginning
(steps 1 and 2), only the middle domain and the 1–65 frag-
ment of the N-ter domain present internal collective motion
on the pulling direction and are also correlated between
them. These correlations are therefore the reason of the split
of the N-ter domain into two subdomains as found above and
of the correlations between the middle domain and the first
subdomain from the N-ter. Both the C-ter domain and the
66–200 fragment are absent from these two sets of correla-
tions. This gives support to our proposal that these very
distant (along the sequence) fragments of the molecule are
responsible for each others’ native stability against an applied
force. For the major pathway of b-tub, at steps 1 and 2, each
of the three domains shows some internal correlation. The
N-ter and C-ter domains are also correlated between them
and anticorrelated with the middle domain. This accounts
for the N-ter domain being more robust to changes in b-tub
than in a-tub. In addition, in b-tub the C-ter domain has
internal collective motions on the x axis from the start. For
the minor pathway in b-tub, only the 65–200 and the C-ter
domains are correlated internally and with each other along
the x axis. Steps 3 and 5 (detailed in the Supporting Material)
reveal the reason behind the difference between the unfolding
of the C-ter domain in the two monomers: even if in both
monomers the unfolding of the C-ter domain occurs by un-
zipping of H12 from H11, this process is cooperative only
in b-tub. The covariations in a-tub show that the C-ter posi-
tions move in the plane perpendicular to the direction of pull-
ing before the unzipping. In contrast, in b-tub some C-ter
positions move collectively on the x axis well before the un-
zipping starts. We also found that, for both monomers, a
required event, before the beginning of unfolding in the
C-ter domain, is that the middle domain positions must
move collectively along the pulling direction. A common
trend along all pathways and in both monomers is that,
from the time the C-ter domain is unfolded and by the time
the force climbs to its maximal value at step 7, the majority
of correlations and anticorrelations disappear as the rest of
the chain prepares to unfold (see the Supporting Material).Tension propagation
The above findings are illustrated by the time evolution of
the tension propagation (Eq. 3) inside each monomer.
Fig. 3 shows that the propagation of the applied force inside
the chain is delayed until step 3 because of the large initial
number of noncovalent bonds. At step 3, the covalent bonds
connecting the last ~10 positions in the chain all respond to
tension, followed (at steps 5 and 7) by the rest of the C-ter
domain (see the Supporting Material for details). Next, inBiophysical Journal 98(4) 657–666both pathways from a-tub and in the major pathway for
b-tub, tension is felt in the 1–100 fragment from the N-ter
domain and in the unfolded C-ter domain. It is important
to note that, at the beginning (in step 9 for a-tub), the tension
is not uniformly distributed along the 1–100 fragment, but
only on the 1–64 and the 90–100 parts because the 65–89
fragment is still folded at this time. Consequently, tension
becomes uniformly distributed in this region of the chain
only at step 11 upon the unfolding of S2 and H2 (65–89).
A discussion of the tension propagation during the final
peaks of the FEC can be found in the Supporting Material.
The graphs of the cosine of the angle between the x axis
and the orientation of each bond (Fig. 3), obtained following
Hyeon et al. (23), indicate that, in both monomers, each un-
folding event is accompanied by a jump in the cos(q) of all
the bonds in the unfolded segment from their original value
to 1. However, even if later the tension drops, the orientation
along the x axis of the unfolded part remains unchanged
(with cos(q) being constantly equal to 1), signaling the
absence of any refolding.
Clustering analysis of a-tub dynamical domains
and evolutionary information
To determine the sets of positions in a-tub that cluster to
form dynamical domains, we performed, following the
Methods and Dima and Thirumalai (3), a superparamagnetic
clustering of the above correlations. We found that, at the
beginning of pulling, in the major pathway there are two
significant clusters, one containing a mixture of the N-ter
and C-ter structural domains, and the other containing resi-
dues from the middle domain (Fig. S6 A). Clustering of the
correlations at step 7 resulted in five clusters that depend
on the pathway (as seen in Fig. S6 B for the major pathway
and in Fig. S6 C for the minor pathway). Although details of
the implementation and the results are given in the Support-
ing Material, we note that, on each pathway, the partitioning
of a-tub in clusters of correlated positions is relevant for
the order of unfolding along the respective pathway. The
comparison between these results and the results of the
bioinformatic clustering in a-tub reveals that the only evolu-
tionarily selected cluster is the largest cluster for the major
pathway.
The amplitude of the rotation around the pulling
direction drives the bifurcation of the unfolding
pathway in b-tub monomers
The comparison of the pair correlations, calculated from Eq.
2 using either the full three-dimensional orientations or only
the corresponding x axis (pulling direction) components,
reveals that the major effect leading to the unfolding of
b-tub at the highest peak in the FEC is the degree of rotation,
i.e., the amplitude of the angular velocity, of the yet-to-be
unfolded chain fragments around the direction of pulling.
For example, at the largest force peak for the unfolding of
FIGURE 3 Tension propagation during the
unfolding of a- and b-tub during the steps
from Fig. S2 and Fig. S3. The top-left corner
contains the tension and the bond orientation
for the major pathway in a-tub, whereas the
top-right corner is for the minor pathway in
a-tub. The bottom-left and bottom-right corner
show the respective entries for the major and
the minor pathways in b-tub, respectively.
Structural details of the related dynamical
domains are in the middle plots (a-tub on top
and b-tub at the bottom). Color scheme for struc-
tures. For a-tubulin: red, C-terminal region;
light blue, middle domain (residues 215–385);
green, part of the N-terminal region (residues
98–215); cyan, part of the N-terminal domain
(residues 66–97); and blue, residues 1–65. The
N-terminal and C-terminal residue are shown
with blue and red spheres, respectively. For
b-tubulin: red, C-terminal region; green, middle
domain (residues 215–380); cyan, part of the
N-terminal domain (residues 66–215); and blue,
residues 1–65. The N-term and the C-term
residues are shown as blue and red spheres,
respectively.
Collective Motions in Tubulin Dynamics 663the b-tub along the major pathway, the 1–100 (from the N-ter
domain) and the 225–350 (from the middle domain) frag-
ments behave as rigid bodies that undergo fluctuations
around the azimuthal direction without large internal defor-
mations. The time series of the azimuthal angle for each frag-
ment (Fig. 4) reveal that, at the end of the highest peak (step
9), there is a crossover between the directions of rotation of
the two fragments. More importantly, the fragment that
rotates with the largest angular velocity right after the cross-
over is the next one to unfold. Thus, we conjecture that, at the
critical force in the force-induced unfolding of b-tub, the
fragment rotating with the largest angular speed is the first
to unfold. The confirmation of this hypothesis is in the
Supporting Material.Formation of dynamical domains during tubulin
dimer unfolding
Because the unfolding pathway in the dimer does not depend
on the direction of pulling, we discuss the correlations along
the pathway corresponding to the application of force to the
C-ter end of b-tub with the N-ter end of a-tub kept fixed
(Fig. 5). The corresponding correlations for the other two
ways of pulling are in Fig. S12 (for pulling at the N-ter of
a-tub) and Fig. S13 (for pulling at both the C-ter end of
b-tub and at the N-ter of a-tub). Fig. 5 shows that, although
the force is ramping-up (steps 1 and 2), the correlation
matrices resemble the equilibration correlations: in a-tub
the middle and the C-ter domains are well formed, although
the N-ter domain is split into a number of fragments. In
b-tub, the N-ter and the C-ter domains are strongly self-
correlated, whereas the middle domain is less well struc-
tured. Due to the substantial ramping-up of the force thatinduces the first forced-unfolding peak (step 3), the division
of the monomers into dynamical domains becomes very
pronounced. In a-tub, the only distinct subdomain of its
N-ter domain is 1–65, the rest being fragmented. The middle
and the C-ter domains are strongly self-correlated. The 1–65
fragment is correlated with the middle domain and anticorre-
lated with the C-ter domain. The remainder of the N-ter
domain is anticorrelated with the middle domain and corre-
lated with the C-ter domain. This is exactly what we would
have expected based on our previous finding that the dynam-
ical stability of the 66–200 portion of the N-ter domain of
a-tub depends on the stability of the C-ter domain. In
b-tub, the N-ter and the C-ter domains are strongly correlated
with each other, whereas the middle domain is correlated
with all three domains in a-tub. In addition, the 1–65 frag-
ment and the C-ter domain of a-tub are correlated with the
entire b-tub chain. At the same time, the C-ter and N-ter
domains of b-tub are anticorrelated with the middle domain
of a-tub. Before the maximal force peak (step 7), the N-ter of
a-tub splits into the same two parts that we encountered
during the major trajectory for the monomeric a-tub: 1–65
and 66–200. However, this time the 66–200 region almost
merges with the middle domain to form a large dynamical
domain whose positions are loosely intercorrelated. In addi-
tion, the magnitude of the anticorrelations, present between
the various dynamical regions of the two monomers,
decreases. After the highest peak, which corresponds to the
unraveling of the S8-S10 fragment from the middle domain
of b-tub and the breaking of ~50% of the intradimer interface
contacts, the still folded part of the middle domain in b-tub is
no longer correlated with the middle and C-ter domains of
a-tub. Still, it continues to be correlated with the N-ter
domain of a-tub. After subsequent unfolding events (stepsBiophysical Journal 98(4) 657–666
FIGURE 4 Process of pathway bifur-
cation in b-tub with a cartoon represen-
tation highlighting the role played by
the angular velocity. The PDB structure
of b-tub is in the middle and colored
according to: blue, part of the N-terminal
region, residues 1–100; gray, part of the
N-terminal domain, residues 101–200;
green, middle domain, residues 200–
350; red, C-terminal domain. The
cartoon depicts the two domains with
the same color (blue and green). During
the unfolding, these domains rotate in
opposite directions (shown with blue
and green curved arrows). The bifurca-
tion in the unfolding pathway of b-tub,
influenced by the angular speed (red
arrows), is due to the unfolding of the
domain rotating with the larger angular
speed. The evolution of the azimuthal
angle of the center of each domain is
shown for the major and the minor path-
ways. The numbers 7–9 marked on the
plots denote the beginning of the corre-
sponding steps on the FEC shown in
Fig. S3. In the major pathway, the larger
flexibility and angular speed of the
N-terminal domain prompts the unfold-
ing from N-terminal region, whereas
the opposite scenario is seen in the minor
pathway.
664 Joshi et al.9 and 11) leading to the full unfolding of the middle domain
in b-tub, the correlations between the middle domain of
b-tub and domains in a-tub cease to exist. The order of un-
folding in the dimer is reflected also in the tension along the
covalent bonds of the dimer from Fig. S14 where the only
considerable force is found on the C-ter domain of b-tub
and next on the middle domain of b-tub. The main dynamical
domains that result from the above analysis are depicted in
Fig. S14: in a-tub, the 1–65 is shown (in light blue) and
the 66–200 is shown (in green); and in b-tub, the structural
domains are shown (colored, respectively, in cyan, orange,
and red).
Mapping the correlations on the direction
of pulling
Based on the analysis of the x-direction component of the
pairwise correlations in the dimer (Fig. S15), we concluded
that, similar to our above findings in the tubulin monomers,
correlated large-scale rigid body motions (rotations and
translations) in the plane perpendicular to the direction of
pulling give rise to the main peaks in the FEC. One such
instance is the unfolding of the C-ter domain of b-tub which
occurs, just as in the monomer case, by unzipping: the un-
folding is driven by the collective motions of the positions
in this domain in the plane perpendicular to the direction
of pulling. Also, the lack of unfolding of the a-tub monomer
in the dimer is due to its inability to rotate to align on theBiophysical Journal 98(4) 657–666direction of pulling because it is anchored at the dimer
interface (see the Supporting Material).DISCUSSION
We showed that, based on the information from the three-
dimensional correlations and from their one-dimensional
projections, the unfolding process in tubulin can be followed
by employing a rigid-body (RB) description of the chain
(11,17,24,26,40). For both tubulin monomers and on both
pathways, at the beginning of the unfolding, the only dynam-
ical domain that overlaps well with the structural domain is
the middle domain. Because the remaining two structural
domains (N-ter and C-ter) appear either fragmented or intact,
moving together or independent as a function of monomer
and unfolding pathway, an RB-based description of the
tubulin monomers cannot be more coarse-grained than: one
RB for the middle domain, two RBs for the C-ter domain
(one for H12 and one for H11 with the loop connecting it
to H12), and five RBs for the N-ter domain (one for 1–65,
one for 66–110, one for 111–140, one for 141–171, and
one for 172–215). This level of description of the chain
topology is appropriate only until the unfolding of the
C-ter domain (up to step 5). To capture the next major un-
folding event(s) from steps 7 to 11, the description of the
new, near-equilibrium, chain configuration must contain
different RBs (as determined from the smallest regions that
FIGURE 5 Correlations during the unfolding of dimer when the N-ter of
a-tub is fixed and the C-ter of b-tub is pulled. In the center, the FEC is shown
with the steps for which the correlations were computed (labeled 1–12).
Along the FEC the individual correlations are shown in clockwise arrange-
ment. The color-scale of the correlation is the same as in the Fig. 1.
Collective Motions in Tubulin Dynamics 665show strong autocorrelations along at least one pathway in
a monomer): one RB for the C-ter domain, four RBs for
the middle domain (one for 216–239, one for 240–273,
one for 274–350, and one for 351–380), and seven RBs
for the N-ter domain (one for 1–65, one for 66–80, one for
80–96, one for 97–110, one for 111–127, one for 128–140,
and one for 141–215). A different RB-based description of
the chain topology can be employed to describe the unfold-
ing of the tubulin dimer up to the unfolding of the C-ter
domain in b-tub: a-tub is one RB, whereas b-tub is three
RBs (one for the N-ter and middle domains, one for H12,
and one for H11 and the loop connecting it to H12).
However, following the unraveling of the C-ter domain,
each monomer must be described at the level introduced
above for steps 7–11. Thus, our finding that the application
of net constraints on a molecule induces the formation of
dynamical domains, which do not overlap perfectly with
the structural domains, agrees with previous studies (6,41).
However, unlike previous reports, our study highlights that
these domains evolve with time and they depend crucially
on the extent of the confinement of the chain as in the dimer
case.
Along the minor pathways of both monomers, we found
that the unfolding of H11 induces the formation of positive
correlations between the N-ter domain and the 216–271
(H7,H8,S7) fragment from the middle domain. This has
important consequences for the proper functioning of the
dimer. The 216–271 fragment is part of the taxol binding
site in b-tub and a recent MD study of the effect of taxol
binding on the flexibility of tubulin (42) found that, upontaxol binding to b-tub, this region shows signs of partial
melting of H7. They also found increased dynamics in the
H1-S2 loop which is close to the taxol binding site, but
more importantly in the T1-T5 loops and in H11, which
are distant from that site. Therefore, our finding that a large
change in H11 triggers correlated changes in the other
regions identified by Mitra and Sept (42) indicates that the
binding of taxol to tubulin does not occur through an induced
fit mechanism, but rather by a shift in the population of
tubulin conformers (43). As the correlation between the
above chain fragments occurs only along the minor pathway
from each monomer, the population of this state is small
in the absence of taxol. Because the binding of taxol shifts
the population of the state to large values and it is known
that taxol blocks the depolymerization of MTs, the reason
that the collective motions among T1-T5, the H1-S2 loop,
H7-S7, and H11 are found only along the minor pathways
is because they can lead to the blocking of the dynamic insta-
bility of MTs with grave functional consequences.
Finding that the order of unfolding of fragments in large,
multidomain proteins such as b-tub depends on the ampli-
tude of the angular velocity of domains along the direction
of pulling offers a new microscopic insight into the aniso-
tropic deformation response. This behavior was found by
earlier studies that investigated the influence of the pulling
direction on the magnitude of the unfolding force and,
more importantly, on the identity of the unfolding pathway
as done, for example, in the green fluorescent protein
by Dietz et al. (44). Moreover, this result lends support to
the experimental finding that, to increase the likelihood of
unraveling of complex cytoskeletal structures under mod-
erate force values, molecular motors use a combination of
pulling and torsion rather than just simple pulling (45).
Our study shows that, in general, to monitor the propaga-
tion of tension along the molecule and its relationship with
the kinetics of unfolding in the chain, one needs to monitor
both the tension propagation along the covalent bonds of
the chain and their degree of orientation along the axis of
pulling (as seen in Fig. 3). Using only the information
from tension propagation can obscure possible refolding
events. Conversely, using only the orientation information
fails to reveal the temporary decrease in tension along the
unfolded segments, whereas the still folded portions of the
chain start to experience tension buildup.SUPPORTING MATERIAL
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